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In Vivo Microrheology Reveals Local Elastic and Plastic
Responses Inside 3D Bacterial Biofilms

Takuya Ohmura, Dominic J. Skinner, Konstantin Neuhaus, Gary P. T. Choi, Jörn Dunkel,*
and Knut Drescher*

Bacterial biofilms are highly abundant 3D living materials capable of
performing complex biomechanical and biochemical functions, including
programmable growth, self-repair, filtration, and bioproduction. Methods to
measure internal mechanical properties of biofilms in vivo with spatial
resolution on the cellular scale have been lacking. Here, thousands of cells are
tracked inside living 3D biofilms of the bacterium Vibrio cholerae during and
after the application of shear stress, for a wide range of stress amplitudes,
periods, and biofilm sizes, which revealed anisotropic elastic and plastic
responses of both cell displacements and cell reorientations. Using cellular
tracking to infer parameters of a general mechanical model, spatially-resolved
measurements of the elastic modulus inside the biofilm are obtained, which
correlate with the spatial distribution of the polysaccharides within the biofilm
matrix. The noninvasive microrheology and force-inference approach
introduced here provides a general framework for studying mechanical
properties with high spatial resolution in living materials.
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1. Introduction

Bacterial biofilm communities are esti-
mated to be the most abundant biomate-
rial on Earth[1] and play important roles
in human health, from the gut micro-
biome to infections.[2–4] In bioengineering
and materials science, biofilms are cur-
rently intensely studied as a prototypical
class of programmable multifunctional liv-
ing materials[5,6] that integrate mechanical
robustness and adaptivity with self-repair
and chemical synthesis capabilities.[7,8] Al-
though biofilms are materials with broad
technological potential, bacterial biofilms
can also be a problem in medical settings
and industrial pipes, as they are highly
resilient to antibiotics, disinfectants, and
mechanical stresses.[2–4,9–11] Consequently,
controlling biofilm growth and mechani-
cal properties are important challenges for

technological applications and for removing unwanted biofilms
in infections and industry.

Biofilms are typically 3D structures that grow on surfaces, ei-
ther by consuming nutrients within the surface, or by consuming
nutrients in the aqueous phase above the surface. Within bac-
terial biofilms, cells are attached to each other and to the sur-
face with a self-produced extracellular matrix comprising pro-
teins, nucleic acids, polysaccharides, and lipids, which together
form a complex mechanically resilient material structure.[5,12–15]

The exact molecular composition of the matrix varies between
biofilms of different bacterial species.[15] The industrial and med-
ical significance of biofilm removal[2–4,9–11] led to several studies
of the global material properties of whole biofilms at macroscopic
scales (100 μm–10 cm),[16–29] identifying important roles for par-
ticular matrix components.[30–32] Depending on the global mate-
rial properties of biofilms, strong fluid flow has been shown to
significantly deform the shape of biofilms,[18–21,33] including the
formation of biofilm streamers for bacterial species that produce
viscoelastic biofilms.[34–39]

While important insights have been obtained for the global
material properties of whole biofilms, much less is known about
the spatial distributions of material properties within biofilms
and their consequences. Spatially resolved measurements of
gene expression in biofilms revealed that there is significant
physiological heterogeneity at the cellular length scale.[40–42]

Furthermore, the matrix composition inside biofilms also varies
on the cellular length scale.[43–47] Mechanical properties likely
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also vary on the cellular length scale in biofilms, yet the relation-
ship between the spatial distribution of matrix components and
local material properties on these microscopic scales remains
unknown.

To investigate material properties with spatial resolution inside
biofilms, previous studies have inserted microscopic beads inside
biofilms. The beads’ passive diffusion or displacements follow-
ing active perturbations can be used to infer the mechanical en-
vironment around the beads.[28,48–51] In contrast to microbeads
that are placed inside biofilms, bacterial cells are anchored to
the extracellular biofilm matrix and to each other through self-
produced proteins and polysaccharides on their cell surface.[13,46]

Therefore, bacterial cells are likely to be more accurate tracers for
the local material properties inside biofilms than microbeads.[27]

Based on this concept, we sought to measure the local mechan-
ical properties of 3D bacterial biofilms noninvasively at cellular
resolution. To achieve this, we coupled highly reproducible mi-
crofluidic biofilm cultivation systems and flow control[52] with
recent advances in 3D live-cell microscopy and highly-accurate
deep-learning-based image analysis for cell detection.[53–56]

Our experimental platform enabled us to track the individual
cells in 3D biofilms of Vibrio cholerae during and after exposure
to strong fluid shear, for a wide range of different shear rate am-
plitudes, exposure periods, and biofilm sizes. To reconstruct the
internal material properties of biofilms, we developed a compu-
tational inference method for estimating elastic forces from cell
tracking data. Based on the experimental cell coordinate changes,
we were also able to quantify the plasticity inside biofilms at cel-
lular resolution, which is defined as the difference in biofilm ar-
chitecture before and after the exposure to fluid shear, as deter-
mined by changes in cell positions and orientations. Our mea-
surements revealed a correlation between the spatial distribution
of mechanical stiffness and the spatial distribution of particular a
molecular component of the extracellular matrix in biofilms. Be-
yond providing a finely resolved picture of the local elasto-plastic
stress response inside bacterial biofilms, the integrated experi-
mental and computational methods developed here can provide
a foundation for the noninvasive rheological analysis of biological
material at cell-level resolution.

2. Results and Discussion

2.1. Strong Shear Flow Induces Spatially Distributed Elastic and
Plastic Responses in Bacterial Biofilms

To study the mechanical properties of biofilms, we grew V.
cholerae biofilms in microfluidic channels from a single cell up
to a community size in the range of 521–9554 cells, where the
largest cell numbers correspond to biofilm colonies with approx-
imately hemispherical shape and a 50 μm diameter, 17 μm height,
and volume of 5246 μm3. During biofilm cultivation, cells were
exposed to a constant flow of minimal M9 medium at a very
low shear rate (𝛾̇ = 20.4 s−1 at the bottom surface of the chan-
nel), which are environmental conditions that resulted in a me-
dian cell volume of 0.5 μm3 inside biofilms. We then stopped
the flow and performed the following experiment (Figure 1A, see
also Video S1, Supporting Information): We acquired a 3D high-
resolution image of all cells in the biofilm, followed by increasing
the flow rate through the microfluidic channel to obtain a shear

rate of 𝛾̇ = 8.16 × 104 s−1 (average flow speed in the channel:
uaverage = 0.95 m s−1), and we then acquired another 3D image.
After applying this strong shear rate for a particular duration (3–
40 min), we stopped the flow again, and acquired a final 3D high-
resolution image of the biofilm.

Using bacterial single-cell segmentation and an iterative
tracking algorithm involving the computation of strain fields
(Figure 1B), which was developed specifically for the image
datasets generated by our experiments (see the Experimental Sec-
tion; and Figure S1, Supporting Information), we tracked cells in
274 independent biofilms across all three time points. Based on
these cell tracks, we computed the cell displacements during the
biofilm deformation caused by increasing the shear rate from 0 to
8.16× 104 s−1 (Figure 1C), and during the biofilm recovery caused
by reducing the shear rate from 8.16 × 104 to 0 s−1 (Figure 1D).
By comparing the positions of cells after biofilm recovery with
their initial positions, we were able to investigate and quantify
the local biofilm plasticity (Figure 1E). During recovery, the cell
displacements are similar in magnitude (but opposite in direc-
tion) to the cell displacements during deformation, resulting in
a biofilm shape after the flow decrease that appears similar to
the biofilm shape before the flow increase. However, during de-
formation and recovery, some of the outermost cells have been
ripped off, and there is a net cell displacement of the cells that re-
mained attached. Together, these results indicate that the biofilm
displays a large elastic response, with a smaller plastic compo-
nent (Figure 1C–E).

To quantify the spatial distribution of biofilm architecture
changes for biofilm deformation, recovery, and plasticity, we mea-
sured two additional cell displacement-related parameters, and
two parameters related to the changes in cellular orientation: We
measured the length of cell displacement Δ rij = |ri − rj| and
the y-component of the angular-momentum-like cross product
ri × Δrij (see Figure 2A for definitions of variables), and we mea-
sured the local nematic order parameter Sk = ⟨ 3

2
(nk ⋅ nl)

2 − 1
2
⟩

l∈L
,

as well as the angle 𝜃z = acos(nk · ez) between the cell’s major
axis nk and the z-axis (see Figure 2B for definitions of geometry
and variables).

The cell displacement field Δr for biofilm deformation, re-
covery, and plasticity revealed that displacement magnitudes in-
creased along the z-axis (Figure 2C), which correlates with the in-
crease of the flow speed ux for higher z-positions, ranging from
ux = 0 μm s−1 at the bottom of the biofilm to ux = 1.43 m s−1

at the top of the biofilm, corresponding to a shear rate of 𝛾̇ =
8.16 × 104 s−1 at the bottom surface of the channel (for a flow
rate of 2000 μL min−1, see the Experimental Section). Despite
the high flow speed, the flow field in our microfluidic channel
is laminar, with a parabolic profile that is consistent with pre-
dictions from fluid mechanics theory (Figure S2 and Video S2,
Supporting Information). The direction of the cell displacements
in the xz-plane revealed a rotation of the biofilm around the y-
axis at (x,z) = (0,0) (Figure 1C–E, see also individual displace-
ment coordinates in Figure S3A, Supporting Information), rem-
iniscent of solid body rotation. The y-component of the displace-
ment cross product (ri × Δrij)y is largest toward the fluid-facing
surfaces of the biofilm which experience fluid shear, in a pattern
that is consistent with solid body rotation (Figure 2C). The cell
displacements in the xy-plane revealed that the biofilm expands
in the y-direction during deformation (Figure S3B, Supporting
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Figure 1. Biofilm deformation, recovery, and plasticity caused by changes in shear flow. A) A V. cholerae biofilm colony (5013 cells, V = 3891 μm3)
attached to a glass surface in a microfluidic channel was 3D-imaged at single-cell level to track the architectural changes caused by the application
of strong shear flow (shear rate 𝛾̇ = 8.16 × 104 s−1). Cells are colored according to their angle with the z-axis. The first 3D-image time point, termed
“Before,” was acquired without flow through the channel. After acquiring the first 3D image, the flow rate was increased from 0 to 2000 μL min−1 and
held constant for a certain duration (3–40 min). The second 3D-image time point, termed “Deformed,” was acquired 1 min into the application of strong
flow along the x-axis. The third 3D-image time point, termed “After” was acquired 1 min after the strong flow was stopped again. In this study, we refer to
biofilm architecture changes between the first two time points as “Deformation,” between the last two time points as “Recovery,” and between the first
and last time point as “Plasticity.” B) Strain field magnitudes (I1 = 𝜖xx + 𝜖yy + 𝜖zz) for biofilm deformation (left), recovery (middle), and plasticity (right)
were computed based on a 3D quasiconformal mapping between two time points, using the cell centroid coordinates. The average result from n = 9
independent replicate biofilms is shown on a hemi-ellipsoidal domain, with one quarter removed for visualization of the interior. C) Biofilm deformation,
visualized in the xz-plane (top) and the xy-plane (bottom): Vector fields of averaged cell displacements caused by an increase in fluid shear rate from
0 to 8.16 × 104 s−1. For the xy-plane vector field, cell displacements at all z-coordinates are included in the average. For the xz-plane vector field, cell
displacements at all y-coordinates are included in the average. D) Biofilm recovery, visualized in the xz-plane (top) and the xy-plane (bottom): Vector
fields of averaged cell displacements after reducing the fluid shear rate from 8.16 × 104 to 0 s−1. E) Biofilm plasticity, visualized in the xz-plane (top) and
the xy-plane (bottom): Vector fields of averaged cell displacements. In panels (C–E) the unit of the displacement vector 𝜆 is consistent across all plots,
but scaled as shown in the inset of each plot. For panels (C–E), data from n = 87 independent replicate biofilms were used, by first normalizing the size
of each biofilm by the radius R, followed by averaging the cell displacement in spatial bins of size 0.05 x R, across all biofilms.
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Figure 2. Biofilm architecture changes at the cellular level during defor-
mation, recovery, and plasticity. A) Schematic illustration for coordinates
in this study: Flow is along the x-axis; gray hemisphere indicates biofilm
shape; cell centroid xyz-coordinates before, during, and after flow are de-
scribed as r1, r2, and r3, respectively. B) Schematic illustration for defini-
tions of 𝜃z and the unit vector n along a cell’s major axis, used in the defi-
nition of the local nematic order parameter Sk, which was computed for all
cells with index l ∈ L that are located within 1.8 μm from the cell surface of
the focal cell with index k. C) Side-view (xz-plane) of biofilm deformation,
recovery, plasticity for four single-cell-level architectural parameters (Δr,
displacement; (r × Δr)y, y-component of the angular-momentum-like dis-
placement cross product; Δ𝜃z, change in angle of the cell major axis with
the z-axis; ΔS, change in the local nematic order parameter). D) Top-view
(xy-plane) of biofilm deformation, recovery, plasticity for four architectural
parameters (Δr, r × Δr, Δ𝜃z, ΔS). In panels (C) and (D), the changes in
biofilm architecture were measured for n = 13 independent biofilms with
volume V > 2800 μm3, exposed to a shear rate 𝛾̇ = 8.16 × 104 s−1 for a
duration of 20 or 40 min.

Information), which is a change that is not retraced during the
recovery period, leading to a net plastic expansion of the biofilm
in the y-direction (Figure S3B (Supporting Information); and
Figure 1E), and an overall plastic reduction in cell number den-
sity 𝜌Number (Figure S3A,B, Supporting Information).

Cell orientation changes during biofilm deformation
(Figure 2C,D) show that Δ𝜃z < 0 in the upstream part of
the biofilm, indicating that cells become more vertically aligned
in this region, whereas Δ𝜃z > 0 in the downstream part of the
biofilm, indicating that cells are reoriented toward the xy-plane
in this region. These cell orientation changes during biofilm
deformation are partially retraced during recovery, yet a signif-
icant plastic change in cell orientation Δ𝜃z remains after the
flow is stopped again (Figure 2C,D). Interestingly, the changes
in local nematic order parameter, ΔS, are similar in magnitude
across deformation, recovery, and plasticity, displaying a noisy
but detectable spatial pattern with the strongest ΔS in the upper
region of the upstream part of the biofilm (Figure 2C).

In summary, the measurements of the single-cell-level biofilm
architecture parameters revealed that plastic cell displacements
are largest in locations where the deformation and recovery cell
displacements are also largest. However, plastic cell displace-
ments are relatively small compared with the deformation and
recovery cell displacements. In contrast, the plastic changes in
cell orientation and nematic order parameter are of similar mag-
nitude to the changes of these parameters during deformation
and recovery.

2.2. Biofilm Size, Fluid Shear, and Duration of Shear Exposure
Influence Elastic and Plastic Changes of Biofilm Architecture

To determine which properties of our system influence the mag-
nitude of the biofilm architecture changes, we performed sim-
ilar measurements with biofilms of different volume, for dif-
ferent maximum shear rates, and for different durations of ex-
posure to the maximum shear rate. For each of these experi-
ments, we then computed Δr, |(r × Δr)y|, |ΔS|, and |Δ𝜃z|, as av-
erage values for all cell tracks in all replicate biofilms. These ex-
periments showed that large shear rates and large biofilm vol-
umes generally result in higher cell displacement parameters
(Δr, |(r × Δr)y|) for biofilm deformation (Figure 3A), recovery
(Figure 3B), and plasticity (Figure 3C), except for the Δr plastic-
ity, which did not strongly depend on the biofilm volume. Inter-
estingly, these experiments also showed that the largest change
in cell orientation (|ΔS|, |Δ𝜃z|) occurs for small biofilm volumes
and large shear rates (Figure 3). Small biofilms exhibit strong
changes in cell orientation, because the surface-to-volume ra-
tio is large and a larger fraction of cells directly experience the
fluid shear. However, biofilms with small volume do not exhibit
large cell displacements, because their height is relatively low and
cellular z-position is the key determinant for cell displacements
(Figures 1C–E and 2C). For each of the four parameters (Δr, |(r
× Δr)y|, |ΔS|, |Δ𝜃z|), the patterns of the biofilm volume versus
shear rate heatmaps are similar across deformation (Figure 3A),
recovery (Figure 3B), and plasticity (Figure 3C). Irrespective of
the biofilm volume, the value of the maximum shear rate is a key
control parameter for the magnitude of the architectural changes
during deformation, recovery, and plasticity (Figure 3).
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Figure 3. Phase diagrams showing the influence of maximum flow rate and biofilm volume on architectural changes during biofilm deformation, recovery,
and plasticity. A) Biofilm architecture changes during deformation. Each heatmap shows the effect of the maximum flow rate and the biofilm volume
V on the biofilm architecture parameters (Δr, cell displacement; |(r × Δr)y|, angular-momentum-like displacement cross-product; |Δ𝜃z|, change in cell
alignment with the z-axis; |ΔS|, change in local nematic order). Each pixel within a heatmap is the average value for all cells in all biofilms in this condition.
B) Biofilm architecture changes during recovery (after reducing the shear rate from its maximum value back to 0 s−1). C) Biofilm architecture changes
characterizing plasticity. For each pixel in every heatmap, data from n ≥ 3 independent replicate biofilms were averaged.

Varying the duration of the biofilm exposure to the maximum
shear rate from 3 to 40 min does not systematically change the
cell displacement metrics for biofilm deformation and recovery,
but longer durations do result in higher plasticity of the cell orien-
tation parameters |ΔS| and |Δ𝜃z| (see Figure S5 for data of shear
rate vs duration, and Figure S6 for data of biofilm volume vs du-
ration, Supporting Information). The fact that the duration of ex-
posure to high flow only affects biofilm plasticity, and not defor-
mation or recovery, suggests that the molecular structure of the
matrix either continuously rearranges or bonds within the matrix
continuously break during exposure to high shear.

2.3. Spatial Distribution of Elastic Modulus in Biofilms

The biofilm architecture changes during deformation and recov-
ery were similar in magnitude but opposite in direction, indicat-
ing an elastic component of the biofilm response to shear flow

(Figures 1C–E and 2C,D). To infer the spatial distribution of the
elastic modulus within biofilms, we used the spatially-resolved
measurements of cell displacements together with a general me-
chanical model of the biofilm which has the elastic modulus as
a parameter. For this model, we created a 3D Delaunay tessella-
tion based on the experimentally-determined cell centroid coor-
dinates of each cell before we apply flow, and we assumed that
all neighboring cell centroids i and j that are connected by an
edge e = (i, j) in the tessellation are connected by a spring of
unknown stiffness ke, with a rest length l0e (Figure 4A, see the
Experimental Section). During strong shear flow, the biofilm de-
forms and we used our experimental cell tracking data to mea-
sure the resulting length of each spring le. The elastic energy
of the system is H =

∑
e

ke(le − l0e )2, and for each cell i at co-

ordinate ri within the interior of the biofilm, the elastic forces
balance so that ∂H/∂ ri = 0. Importantly, elastic forces only bal-
ance for cells within the elastic interior of the biofilm, not for
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Figure 4. Spatial distribution of material properties in biofilms correlates with spatial distribution of extracellular matrix components. A) Schematic
diagram of the model used to infer the spatial distribution of mechanical properties: In this model, the cells centroids that are neighbors in the Delaunay
tessellation are connected by a spring of unknown stiffness k, with a rest length l0. We then used experimental measurements of cell positions before
flow and during flow, together with force balance conditions on biofilm-internal cells, to infer the spatial distribution of the relative spring modulus
inside the biofilm, without explicitly modeling fluid-to-cell or cell-to-substrate-surface interactions for cells that are part of the biofilm boundary (see the
Experimental Section). B) Spatial distribution of spring modulus kl0 with normalized xy-radial position and normalized z-position. The data are averaged
for n = 10 independent replicate biofilms. The gray area at the bottom of the heatmap indicates the region occupied by cells that are directly attached to
the substrate surface (0 ≤ z/Rz ≤ 0.0453), for which our model cannot provide the spring modulus. C) Spatial distribution of the matrix protein RbmC
inside the biofilm, measured using immunofluorescence and confocal microscopy. Additional data for RbmC are shown in Figure S11A (Supporting
Information). Data are plotted using the same coordinate system as in panel (B). D) Spatial distribution of the matrix protein Bap1, measured using
immunofluorescence. Additional data for Bap1 are shown in Figure S11B (Supporting Information). E) Spatial distribution of the matrix protein RbmA,
measured using immunofluorescence. Additional data for RbmA are shown in Figure S11C (Supporting Information). F) Spatial distribution of the
matrix polysaccharide VPS, measured using fluorescently conjugated lectins. As shown in the raw images of VPS labeling in Figure S12 (Supporting
Information), the lectins preferentially attach to the glass surface, even in regions where no cells are attached. This signal from the glass surface leaks
into the higher regions of the biofilm so that we cannot accurately determine the VPS abundance in the gray region. Data for each matrix component
was averaged for ≥ 3 independent replicate biofilms. The color scale for each matrix component is the background-subtracted fluorescence intensity.

cells that are part of the boundary of the biofilm (see the Exper-
imental Section), which experience fluid shear forces or cell-to-
substrate-surface adhesion forces. Explicitly modeling these ex-
ternal forces for the cells on the boundary of the biofilm is not re-
quired to infer biofilm-internal elastic properties. We then solved
this model for the spatial distribution of the elastic modulus l0e ke
in biofilms, only searching for solutions which vary continuously
(see the Experimental Section). We demonstrated the robustness
of this framework by showing that it can accurately recover the
spring stiffnesses (ke) and moduli(l0e ke) that we specified in simu-
lated biofilms based on experimentally determined cell centroid
positions (Figure S10, Supporting Information).

For the experimental biofilms that experienced strong shear
flow (2000 μL min−1), this model revealed a spatial distribution
of the elastic modulus that gradually varied across the biofilm
(Figure 4B), the biofilms are softest in the outer fluid-facing re-
gion of the biofilm, and their elastic modulus increases 12x to-
ward the center of the biofilm.

2.4. Spatial Distribution of Extracellular Matrix Components
Accounts for the Elastic Modulus

We hypothesized that the spatial pattern of the spring modulus
is caused by variations in the composition of the self-produced

extracellular biofilm matrix. To test this, we measured the local-
ization and abundance of the major matrix components of V.
cholerae biofilms: the proteins RbmA, RbmC, Bap1, and the Vib-
rio polysaccharide (VPS). To directly image the matrix compo-
nents using confocal microscopy, we used antibodies conjugated
with a fluorescent dye for RbmA, RbmC, and Bap1, as well as
lectins conjugated with a fluorescent dye for VPS.

These experiments show that for the biofilms in our microflu-
idic system, RbmC is abundant near the bottom edge of the
biofilm (Figure 4C; and Figure S11A, Supporting Information),
Bap1 localizes near the bottom surface and the fluid-exposed
outer edge of the biofilm (Figure 4D; and Figure S11B, Sup-
porting Information), and RbmA is highly abundant in the re-
gion near the fluid-facing surface of the biofilm (Figure 4E; and
Figure S11C, Supporting Information). Biofilms formed by mu-
tants that lack RbmC or Bap1 are remarkably resilient to high
shear rates, similar to the wild type (Figure S13, Supporting In-
formation). Biofilms without RbmA are easily ripped off the sur-
face by high shear rates (Figure S13, Supporting Information),
indicating that this protein is important for the mechanical cohe-
sion of biofilms, as reported in previous studies,[30,46,52,57] likely
due to crosslinking the long-chain polysaccharide VPS.[46] How-
ever, the spatial distributions of the matrix proteins RbmC, Bap1,
and RbmA do not qualitatively correlate with the spatial distribu-
tion of the elastic modulus. In contrast, the extracellular matrix
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polysaccharide VPS displayed a spatial distribution that closely
correlates with the elastic modulus (Figure 4F; and Figure S12,
Supporting Information), indicating that VPS abundance is the
key factor in determining the elastic cell-cell interactions and the
global elastic response of biofilms to shear flow.

3. Conclusion

By subjecting 3D V. cholerae biofilms to an increase and de-
crease in shear flow and by tracking the resulting individual cell
displacements and cell reorientations, we were able to perform
spatially-resolved in vivo rheological measurements. Despite the
strong shear rate (𝛾̇ = 8.16 × 104 s−1) and shear stress (𝜏 =
69.7 N m−2), corresponding to flow speeds of uaverage = 0.952 m
s−1 in the microfluidic channel, the biofilms remained remark-
ably resilient to the increase in shear flow. The cell displacement
tracks within biofilms revealed an elastic response, and a plas-
tic response with a magnitude of ≈1/3 of the elastic response.
The cell orientations also revealed a plastic response with a sim-
ilar magnitude to the elastic response. Furthermore, the elastic
and plastic responses were spatially heterogeneous within the
biofilms.

The spatial variations in elastic responses within 3D biofilms
led us to speculate that the elastic modulus also varies spatially
inside these communities. By assuming a general mechanical
model for the biofilm based on a network of springs that con-
nect neighboring cells, we used our cell displacement tracks to
obtain a spatially resolved map of the spring modulus for cell–
cell interactions in biofilms. The spatial distribution of the spring
modulus correlates closely with the abundance of the matrix
polysaccharide VPS, which connects the local molecular com-
position of the biofilm to the microscopic cell tracks and meso-
scopic material property of the cellular community. Our observa-
tion of spatially-varying material properties at the cellular scale is
complementary to the previous macroscopic characterizations of
biofilm rheology without spatial resolution.[20,26,30–32]

The method we developed for inferring the internal elastic
properties of bacterial biofilms in vivo, based on combining
experimental cell tracking data and a general spring network
model can be used to infer the internal properties of any in-
homogeneous elastic biomaterial for which imaging with cellu-
lar resolution can be performed. As the recent improvements in
3D live-cell microscopy[52,58–61] and neural-network-based image
analysis[56,62] enable single-cell-level data to be obtained for many
other biological systems, we anticipate that our inference frame-
work will be widely applicable to the rheological analysis of bio-
materials in vivo at the cellular scale.

During growth, biological tissues and microbial communities
consume nutrients and produce waste products, which estab-
lishes resource gradients and locally varying microenvironments,
ultimately resulting in locally varying gene expression and locally
varying production of matrix components. Since these resource
gradients are not expected to be constant over time, we anticipate
that the material properties in biofilms are not only spatially het-
erogeneous, as shown in this study, but also temporally hetero-
geneous. The full spectrum of spatiotemporal material properties
of biofilms has yet to be characterized, which could reveal win-
dows of opportunity for removing biofilms by mechanical shear,
and for designing living materials with tunable shear response.

4. Experimental Section
Bacterial Cultivation and Biofilm Growth: All bacterial strains used in

this study are listed in Table S1 (Supporting Information). The primary
strain used in this study was derived from the V. cholerae N16961 wild type,
by introducing the vpvCW240R allele conferring rugosity, and by introduc-
ing the ∆crvA (VCA1075) mutation that results in a straight, rod-like cell
shape. The strain also harbors a plasmid (pNUT542) carrying a gentam-
icin resistance and a Ptac promoter without lacO to drive the constitutive
production of sfGFP. The resulting bacterial strain is termed KDV613,[52]

and was used for all shear flow deformation experiments in this study. The
other strains that were used in this study are derivatives of KDV613, with
the exception of KDV2013 which harbors a different plasmid. V. cholerae
biofilms were grown in M9 minimal medium, supplemented with 2 mm
MgSO4, 100 μm CaCl2, MEM vitamins (Sigma), 0.5% w/v glucose, and
15 mm triethanolamine (pH 7.1). LB medium was used for overnight cul-
tures and contained 10 g L−1 tryptone, 5 g L−1 yeast extract, and 10 g L−1

NaCl. Furthermore, 30 μg mL−1 gentamicin was added to LB and M9 me-
dia, to maintain the plasmid pNUT542.

Biofilms of V. cholerae producing sfGFP were grown in microfluidic
flow chambers (chamber dimensions: [width; height; length] = [500; 70;
7000] μm). Flow chambers were constructed from poly(dimethylsiloxane)
bonded to glass coverslips using oxygen plasma. The microfluidic design
included four independent channels on each coverslip. The manufactur-
ing process for these microfluidic channels guarantees highly reproducible
channel dimensions and surface properties. Each channel was inoculated
with a culture of the V. cholerae strain, which was prepared as follows: Cul-
tures were grown overnight at 28 °C in liquid LB medium under shaking
conditions, back-diluted 1:200 in LB medium in the morning, and grown
to an optical density at 600 nm of 0.5. This culture was used for inoculat-
ing the flow channels. After inoculation of the channels, the flow was not
initiated for 1 h, to allow for robust surface attachment of cells. Then, liq-
uid M9 medium was pushed through the channel at a flow rate of 100 μL
min−1 for 45 s, to wash away nonadherent cells and to remove LB growth
medium from the channels. The flow rate through the channel was then
set to 0.5 μL min−1, to continuously supply fresh M9 medium into the
channel for growth of the surface-adherent single cells into biofilms. Flow
rates after channel inoculation and during biofilm growth were controlled
using a high-precision syringe pump (Pico Plus, Harvard Apparatus).

Experiments with Varying Fluid Shear: V. cholerae biofilms were grown
in a microfluidic flow chamber in the presence of a low flow rate (0.5 μL
min−1, 𝛾̇ ≅ 20.4 s−1), which was controlled using a syringe pump. After
the height of the biofilm Rz reached around 10–30 μm, the syringe pump
was disconnected from the inlet to the flow chamber, and replaced by a
microfluidic pressure controller (OB1 MK3+, Elveflow). The pressure con-
troller can apply higher and more stable flow rates to the microchannel by
integrating feedback from a flow sensor (MFS5, Elveflow). The flow rate,
microscope stage, and 3D confocal imaging were controlled simultane-
ously by using MATLAB to control μManager[63] and the flow control soft-
ware (ESI, Elveflow). To inhibit protein production and cell division during
the experiments with strong flow, two antibiotics (10 μg mL−1 trimetho-
prim, 3 μg mL−1 tetracycline) were added to the M9 media and flowed
through the channel for 10 min prior to starting imaging and varying the
flow rates. The strong flow was applied as a step function: It started from
0 μL min−1, then changed to the targeted strong flow rate, and then set
to 0 μL min−1 again. Due to a limitation in flow rate acceleration by the
pressure controller, it took 15 s to increase and stabilize the flow rate in
the microfluidic channel from 0 to 2000 μL min−1, which was the largest
achievable amplitude in the system. Similarly, it took 15 s to decrease and
stabilize the flow rate back to 0 μL min−1. Imaging of 3D biofilm volumes
was performed at 3 time points: before applying the strong flow, during
the strong flow (1 min after the increase in flow), and 1 min after decreas-
ing the flow rate (Figure 1A). As experimental parameters, biofilms were
exposed to a different maximum flow rate (100, 200, 500, 1000, 2000 μL
min−1), or biofilms of different volume V (519 μm3 < V < 6032 μm3) were
used, or the duration of the high flow rate (3, 5, 10, 20, 40 min) was varied.
Each biofilm deformation measurement was performed with a previously
unexposed biofilm in a different microfluidic channel.
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Microscopy of Biofilms: 3D biofilms in microfluidic channels were im-
aged using spinning disk confocal microscopy with a 50 μm pinhole disk
(Yokogawa CSU W1) mounted on a Nikon Ti-E inverted microscope, us-
ing an Olympus 100× silicone oil immersion (refractive index = 1.406)
objective with NA 1.35 (N5203100). By using this silicon oil objective, dis-
tortions at z-positions > 10 μm into the biofilm are reduced. Fluorescence
of the super-folder GFP was excited using a 488 nm laser (OBIS, Coher-
ent), and the emitted light was filtered with a 525/50 bandpass filter. For
visualization of matrix components, the fluorescent dyes were excited with
a 640 nm laser (OBIS, Coherent) and the emitted light was filtered with a
731/137 bandpass filter. The fluorescent protein mRuby3 was excited with
a 552 nm laser (OBIS, Coherent) and the emitted light was filtered with a
650/150 bandpass filter. Images were acquired with an Andor iXon Ultra
888 electron-multiplying charge-coupled device camera. Images were ac-
quired with a magnification of 63.2 nm per pixel in the xy-plane and 100 nm
spacing in the z-direction for all experiments. Very low excitation light in-
tensities and 90 ms exposure times were used for all experiments to re-
duce photodamage as much as possible. Focus drift was prevented using
a Nikon hardware autofocus system.

Flow Profile in the Channel and Around the Biofilm: The flow profile
and shear rate along the z-axis in the flow channel can be estimated
based on fluid mechanics theory. The geometry of the channel and the xyz-
coordinate system used below are illustrated in Figure S2A (Supporting In-
formation). The relevant geometric parameters of the flow channel are the
height hc = 70 μm and width wc = 500 μm. At the maximum flow rate that
was used in the experiments, Q = 2000 μL min−1, the maximum Reynolds
number of the flow is defined as Remax = uL∕𝜐 = uaverage Dh∕𝜐 = 131,
with the averaged flow speed uaverage = 0.952 m s−1, the hydraulic diame-
ter Dh = 4Ac/ pc = 4hcwc/(2hc + 2wc) = 123 μm (Ac: the cross-sectional
flow area, pc: the wetted perimeter), and the kinetic viscosity of water 𝜐
= 0.893 mm2 s−1 at 25 °C. In the system, the maximum Reynolds num-
ber is still significantly smaller than Reynolds numbers for which turbulent
flows are observed (Re > 103). Therefore, laminar flow was assumed for
the system, which is consistent with all experimental flow visualizations
that were performed (see Video S2, Supporting Information). In laminar
flow, the parabolic flow profile in the channel in the x-direction as a func-
tion of z is

ux (z) = 4umax
z
hc

(
1 − z

hc

)
(1)

which can be used in the center of the channel along the y-axis.[64] Here,
umax = 3Q/2hcwc is the maximum flow speed within the channel and Q
is the flow rate.

The shear rate at the bottom of the channel (z = 0) without biofilms
is 𝛾̇ = u′(z)|z=0 = 6Q∕hc

2wc. The flow rate, which is the parameter that
was set experimentally, is linearly proportional to the shear rate, and a
conversion is provided for the experimentally relevant parameter values in
Figure S2G (Supporting Information). At the flow rate Q = 2000 μL min−1,
umax = 1.43 m s−1, and 𝛾̇ = 8.16 × 104 s−1 are obtained. To estimate the
shear stress on the wall of the microchannel, the Darcy friction factor[65] as
f = 80.8/Re = 0.617 was used. Using the maximum flow rate Q = 2000 μL
min−1, and the density of water 𝜌 = 997 kg m−3 at 25 °C, the maximum
shear stress on the wall of the surface is 𝜏max = f𝜌uaverage

2/8 = 69.7 N
m−2.

For measuring the flow field around a biofilm in the channel, biofilms
were grown as described above, and just before imaging, fluorescent
beads (FluoSpheres 0.1 μm, F8803, Thermo Fisher) were added at a 1:1000
dilution as flow tracer particles to the M9 medium that flowed through the
channel at 1 μL min−1. Fluorescence of flowing beads was excited using a
552 nm laser and confocal xy-images were acquired with an exposure time
of 15 ms (Figure S2B, Supporting Information). To obtain large field of
view that encompasses the entire biofilm colony in each xy-plane, a Nikon
40× oil immersion objective with NA 1.3 (MRH01401) was used. Without
the flow (i.e., if the flow rate was set to 0 μL min−1), the beads in the im-
age are detected as circles. With the flow, the beads in the image travel
appear elongated along the flow lines. The length of an “elongated bead”
represents the distance which the bead traveled during the exposure time,

which provides a convenient basis for computing flow field vectors. To
measure the flow field in 3D around the biofilm, a z-stack with a z-spacing
of 1 μm was acquired. For each z-slice a single image in the fluorescence
channel of the biofilm was acquired and 1000 image frames in the fluores-
cence channel of the beads were acquired. Using these data, binned flow
field vectors and the location of the biofilm were obtained for every z-slice
(Figure S2C, Supporting Information). These measurements showed that
the flow speed far from a biofilm is nearly constant in the x- and y-direction
(Figure S2D, Supporting Information). As a control experiment, the flow
field was also measured in the y-middle of the channel as a function of
z without biofilms (Figure S2F, Supporting Information). These measure-
ments showed that the flow speed close to the top and bottom surfaces of
the channel were not measured correctly, but for measurements that are
>5 μm away from the surfaces, the flow profile along the z-axis is parabolic
(Figure S2F, Supporting Information), which is consistent with theoretical
expectations for a channel without biofilms (Figure S2E, Supporting Infor-
mation). In addition, the measured maximum flow velocity corresponded
to the theoretical maximum flow velocity: umax = 714 μm s−1 at a flow rate
of Q = 1 μL min−1.

Visualization of Matrix Components of V. Cholerae Biofilms: Four bac-
terial strains were used to visualize four different biofilm matrix compo-
nents of V. cholerae (see Table S1 of a list of all strains, Supporting Infor-
mation). Strain KDV1663 was used to visualize RbmA, based on replac-
ing the original copy of rbmA on the chromosome version that encodes a
His-tag. Strain KDV1625 was used to visualize Bap1, based on replacing
the original copy of bap1 on the chromosome with a version that encodes
a FLAG-tag. Strain KDV1491 was used to visualize RbmC, based on re-
placing the original copy of rbmC on the chromosome with a version that
encodes a FLAG-tag. Strains KDV1663, KDV1625, and KDV1491 were de-
veloped previously[46] and are derivatives of the strain KDV613, with which
the biofilm deformation experiments were performed in this study. Strain
KDV2013 was used to visualize VPS production based on staining VPS
with lectins that are conjugated to green fluorescent dyes. Strain KDV2013
is identical to KDV613, except that this strain does not harbor the plasmid
pNUT542 that results in the production of the green-fluorescent protein
sfGFP, but instead harbors the plasmid pNUT1029 that results in the con-
stitutive production of the red-fluorescent protein mRuby3.

For imaging the localization and abundance of biofilm matrix com-
ponents, the relevant strains were grown separately in microfluidic flow
chambers with a flow rate of 0.5 μL min−1 M9 media, as described above.
The microscopy settings were as described above for single-cell-level imag-
ing, with the exception that a z-spacing of 400 nm was used, and that
one additional fluorescent channel for imaging the matrix components
was used. For imaging of RbmA-His, 1 μg mL−1 of Penta His Alexa Fluor
647 (Thermo Scientific) and 1 mg mL−1 of filter-sterilized bovine serum
albumin (BSA) were added into M9 media 15 min before imaging. For
imaging of Bap1-FLAG, 1 μg mL−1 of DYKDDDK tag monoclonal antibody
Alexa Fluor 647 (Thermo Scientific) and 1 mg mL−1 of filter-sterilized BSA
were added into M9 media 15 min before imaging. For imaging of RbmC-
FLAG, 1 μg mL−1 of DYKDDDK tag monoclonal antibody Alexa Fluor 647
(Thermo Scientific) and 1 mg mL−1 of filter-sterilized BSA were added into
M9 media 15 min before imaging. For imaging of VPS, 20 μg mL−1 of
wheat-germ agglutinin (WGA) Alexa Fluor 647 (Thermo Scientific), 20 μg
mL−1 Concanavalin A Alexa Fluor 633 (Thermo Scientific), and 1 mg mL−1

of filter-sterilized BSA were added into M9 media 30 min before imag-
ing. Then, immediately prior to imaging, this fluorescent lectin-containing
liquid was flushed out to reduce background fluorescence. To quantify
biofilm-internal spatial distributions of the matrix components, BiofilmQ
was used.[54]

Testing Resilience of Biofilms Formed by V. Cholerae Mutants to High Shear
Rates: The above methods were used for biofilm growth and microscopy
to determine the responses of V. cholerae mutants to strong shear flow.
The following strains were tested: wild type (KDV613), ΔrbmC mutant
(KDV1412), Δbap1 mutant (KDV1414), ΔrbmA mutant (KDV692), and
ΔvpsL mutant (KDV1890), as listed in Table S1 (Supporting Information).
Before applying the strong fluid shear rate, 3D volume images of biofilms
were acquired at a flow rate of 0 μL min−1. Then the flow rate was increased
to 10, 100, 200, 500, 1000, 2000, and 4000 μL min−1, for 1 min to each flow
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rate. A flow rate of 4000 μL min−1 corresponds to a shear rate of 𝛾̇ = 1.63
× 105 s−1. After applying the shear rate of 𝛾̇ = 1.63 × 105 s−1 for 1 min, the
flow was stopped to 0 μL min−1 and another set of 3D volume images of
the biofilms were acquired, shown in Figure S13 (Supporting Information).

Single-Cell Segmentation and Analysis: For 3D segmentation of all in-
dividual cells in biofilm images, a trained model of StarDist OPP, which
is a cell segmentation algorithm based on a convolutional neural network
(CNN), was used.[53] The StarDist OPP model was trained with a dataset
involving 3D slices of V. cholerae biofilms imaged by the microscope sys-
tem. By using StarDist OPP, the accuracy of cell segmentation for 3D bac-
terial biofilm volume image is above 80%, which is higher than any other
single-cell segmentation method achieved on the biofilm image data. To
calculate single-cell parameters and whole-biofilm parameters from the
single-cell segmentation labels, the BiofilmQ software was used.[54]

Single-Cell Tracking in Biofilms with Large Cellular Displacements: Cell
tracking between the 3 different time points (before, during, and after
strong shear flow) was performed with an iterative algorithm, which is
based on the following observations: First, it was noticed that during
shear-flow induced biofilm deformation and during biofilm relaxation after
shear-flow reduction, the relative positions of cells in the biofilm are not
changed. Second, the cells at the base surface display only a very small
displacement during strong shear flow, which makes these cells easy to
track. Third, the magnitude of cell displacements gradually increases with
increasing the z-positions, analogous to the increase of fluid shear toward
the center of the flow chamber.

Based on the above observations, cells were tracked by iteratively iden-
tifying temporal connections between cells, starting with the bottom-most
cells that display only small displacements, and gradually considering cells
with higher z-coordinates as described in Figure S1 (Supporting Informa-
tion). This algorithm is based on several distinct steps, as shown in Figure
S1 (Supporting Information). In step 1 of this algorithm, the three 3D
biofilm images of the time series were segmented using the trained CNN
model that is part of the StarDist OPP algorithm.[53] This segmentation
results in a labeled object for each individual cell. In step 2 of the algo-
rithm, one cell at the bottom surface of the biofilm is tracked manually.
This is achieved by manually comparing the bottom view of 3D render-
ings of biofilms between two successive time points. Here, humans can
easily track at least one cell across time. In step 3 of the algorithm, a dis-
placement vector from the trajectory of the tracked cell was computed,
to estimate predicted positions of the surrounding cells in the next time
frame. Then, the overlap volume between the predicted cell positions and
actual cells in the next frame is computed. When the predicted cell posi-
tion has a large overlap with an actual cell, this cell is determined as the
tracked cell. When the predicted cell is overlapping with more than one or
no cells, the cell is not considered to be tracked to avoid uncertain tracking
results. Through this process, many cells surrounding the initial (manually
tracked) cell can be tracked. By iteration of step 3, the tracking propagates
from the center of the bottom surface of the biofilm to the outer biofilm
surface (Figure S1, step 3 bottom, Supporting Information). However, the
number of tracks eventually saturates due to the above self-validation that
leads to the exclusion of uncertain tracks. After the tracking saturation in
the step 3, step 4 was performed, which uses the strain field of biofilm
deformation to track more cells across the 3 time points. To obtain the re-
quired strain field measurements, 3D quasiconformal maps, as described
in the section below, were used. Based on the 3D quasiconformal mapping
results, the overlap volume between the mapped positions of cells and the
actual position of cells was computed, and strongly overlapping cells as
tracks were connected, which further improved the tracking results, par-
ticularly for cells with larger displacements.

Strain Measurements Using 3D Quasiconformal Maps: 3D quasiconfor-
mal maps were used to extract the strain field of the biofilm in shear flow.
In complex analysis, conformal maps are functions on the complex plane
that locally preserve angles. Intuitively, under a conformal map, a packing
of small circles on a planar domain on the complex plane will be mapped
to another packing of small circles in which the circles may change in size
and orientation but not aspect ratio. Quasiconformal maps are a gener-
alization of conformal maps that map small circles to small ellipses with
bounded eccentricity.[66] It is natural to consider the 3D analogue of qua-

siconformal maps, which take a packing of small spheres to a packing of
small ellipsoids. To extend the computation of quasiconformal maps for
3D domains, a possible approach[67] is to define the quasiconformal dis-
tortion Kf of a 3D quasiconformal map f: Ω→ Ω by

Kf (X) =
𝛽1 (X) + 𝛽2 (X) + 𝛽3 (X)

3(𝛽1 (X) 𝛽2 (X) 𝛽3 (X))
1
3

(2)

where Ω⊂R3 is a domain containing the biofilm, 𝛽1(X),𝛽2(X),𝛽3(X) are the
eigenvalues of (Df)T(Df), Df is the Jacobian matrix of f, and X = (x, y, z) is
a point in the domain (i.e., within the biofilm). Note that by the inequality
of arithmetic means and geometric means,

𝛽1 (X) + 𝛽2 (X) + 𝛽3 (X)

3
≥ (𝛽1 (X) 𝛽2 (X) 𝛽3 (X))

1
3 (3)

and hence Kf ≥ 1. The equality holds if, and only if, 𝛽1 = 𝛽2 = 𝛽3, i.e., f is
conformal.

Now, given a biofilm at two different time points i, j and a set of tracked
cell center positions {ri,k}N

k = 1
↔ {rj,k}N

k = 1
within the biofilm (where N is

the total number of tracked pairs, ri,k is the kth tracked cell center position
at the time point i, and rj,k is the corresponding kth tracked cell center po-
sition at the time point j), a smooth 3D quasiconformal map f between the
two time points that matches the tracked cell positions (i.e., with f(ri,k) =
rj,k for all k = 1, 2, …, N) and minimizes the quasiconformal distortion‖Kf‖1 was computed.

Using the map f, the strain components can be extracted to analyze
the local geometric distortion of the biofilm under the shear flow. More
specifically, by expressing f as f(x, y, z) = (f1(x,y, z), f2(x,y, z), f3(x,y, z)), the
displacements of every point in x-, y-, and z-directions (denoted by d1(x,y,
z), d2(x,y, z), and d3(x,y, z), respectively) under f are given by

d1 (x, y, z) = f1 (x, y, z) − x (4)

d2 (x, y, z) = f2 (x, y, z) − y (5)

d3 (x, y, z) = f3 (x, y, z) − z (6)

The strain components are then given by

𝜖xx = (d1)x , 𝜖yy = (d2)y, 𝜖zz = (d3)z (7)

𝜖xy =
1
2

(
(d1)y + (d2)x

)
, 𝜖xz =

1
2

(
(d1)z + (d3)x

)
, 𝜖yz =

1
2

(
(d2)z + (d3)y

)
(8)

Multiple-Spring Model to Describe Stiffness of Cell–Cell Binding: Infer-
ence of mechanical properties: Using observations of tracked cells before
and during biofilm deformation, the mechanical properties of a biofilm
are inferred. In general, to perform mechanical inference from observa-
tions of a system, a mathematical model for the mechanics of that system
is required. This model will have some unknown parameters which one
then needs to infer. Typically, there are many parameter values consistent
with the observations, so the inverse problem is solved by using some
form of regularization.[68] Here, the mechanical structure of the biofilm is
modeled as a spring network with unknown spring stiffnesses (Figure 4A),
and regularized by searching for solutions which have locally continuous
mechanical properties.

The model for the mechanics is a general spring network, which can ap-
proximate any inhomogeneous elastic material. Given data of tracked cell
centroids, the cell centroids, {ri}, were taken as vertex locations and con-
nected with springs of unknown stiffness. Vertices i and j that are neigh-
bors in the Delaunay tessellation, the dual of the Voronoi diagram, are
connected by an edge e = (i, j) representing a spring. Assuming linear
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springs (infinitesimal deformations are not assumed) the elastic energy
of the system is

H =
∑

e
ke
(
le − l0e

)2
(9)

where le = le (ri,rj) is the current length of spring e, l0e the rest length of this
spring, and ke is the spring stiffness. Assuming that there are no internal
forces in the system at t = 0, each spring is taken to be at rest length, and
hence l0e is deduced.

The system is then considered while flow is being applied. The system
is held out of the rest state, so le ≠ l0e in general. Now, a distinction is
made between external vertices on the biofilm boundary which feel external
forces, and vertices in the biofilm interior which only feel the elastic forces
from other vertices. How to classify whether cells belong to the biofilm
interior or to the biofilm boundary is discussed in the next section. For a
steady flow, as used in the experiments, forces acting on any vertex must
balance. For external vertices (those on the boundary of the biofilm) this
includes some unknown force due to the flow (for cells on the fluid-facing
biofilm boundary) or adhesive interaction with the substrate surface (for
cells on the substrate-surface-facing biofilm boundary), and hence their
force-balance equation is not considered. Even without knowing the forces
acting on these external vertices, it is possible to deduce the internal elastic
properties of the biofilm.

For biofilm-internal vertices, the elastic forces balance. Thus, for some
internal vertex i,

𝜕H
𝜕ri

=
∑

e=(i.j)

ke
𝜕le
𝜕ri

(
le − l0e

)
= 0 (10)

where the sum is taken over all edges connected to i, including ones con-
nected to external vertices that are part of the biofilm boundary. Define q⃗
to be a vector with components qe = ke (le − l0e ), representing the force
within each spring, for springs connected to at least one internal vertex,
and define E to be the length of this vector. It then follows that

A q⃗ = 0 (11)

where A is the 3M × E matrix of constraints, where M is the number of
internal vertices. It is expected that E > 3M, so in general there are many
such solutions for q⃗, where finding q⃗ and finding ke are equivalent since
the spring lengths are known. Therefore, a regularization rule must be
introduced,[68] guided by physical intuition, to infer q⃗.

The combination l0e ke, rather than ke alone, is analogous to a continuum
elastic modulus, and is regularized by searching for solutions which vary
continuously across the material. Specifically, take

k◦ l0 =
n∑

i=1

bi 𝜙i = Φb (12)

where 𝜙i are the eigenvectors of the Laplacian L, and k○l0 is a vector with
components kel0e . By only taking a small number of eigenvectors, one can
restrict the variation of elastic properties to low wavelength modes. If n is
small enough, one cannot satisfy

A
[(

l
l0

− 1
)
◦ (Φb)

]
= 0 = Tb (13)

exactly, where this equation defines the matrix T. Instead, one should min-
imize ‖Tb‖2 subject to ke being positive and ‖b‖2 = 1, the choice of unit
norm meaning that b is only found up to an overall scaling. In finding such
a minimum, the problem has been regularized, allowing a particular so-
lution for the material properties to be inferred, at least up to an overall
scaling constant.

Identification of Cells that are Part of the Biofilm Boundary or Biofilm Inte-
rior: For experimental biofilms, any tracked cells which lie on the surface
but are not part of the main biofilm colony were removed. This is done by
projecting all cell centroids onto the surface, (x, y, z)↦(x, y, 0), computing
a cell number density round each cell, and removing cells with a density
below a threshold. Specifically, density is computed with a kernel density
estimate using an exponential kernel with bandwidth 𝜎 = 3 μm, so that

𝜌kernel (r̃) =
∑

i

exp
[
−
‖ri − r̃‖2

𝜎

]
(14)

and cells with a density less than 100.0 were removed, which typically re-
moves fewer than 5% of cells. Once these cells are removed, they are not
used elsewhere in the analysis. These cells are attached directly to the sub-
strate surface, not to cells in the main biofilm colony and hence their dis-
placements are not informative for inferring biofilm-internal elastic prop-
erties.

Next, external vertices (cells on the boundary of the biofilm) were iden-
tified using an alpha-shape[69] of radius 4 μm. In short, if a sphere of ra-
dius 4 μm can touch a particular cell centroid without enclosing any other
cell centroids, then that centroid is considered to be a cell on the biofilm
boundary, otherwise it is considered to be an internal cell. These external
vertices have an unknown force balance; they interact both with internal
elastic forces as well as external forces like fluid shear and surface adhe-
sion.

Testing the Inference Framework: The robustness of the inference
framework is demonstrated by showing that it can recover back spring
stiffness (ke), and moduli (l0e ke). To incorporate realistic cell–cell spacing
and cell deformations into this test, an experimental biofilm was used,
before and during flow, as the basis for a simulation. For a biofilm before
flow, the centroids of cells in the biofilm interior were taken as vertices and
those vertices were connected with springs if they were neighbors in the
Delaunay tessellation. In this test simulation, in principle any spring stiff-
ness can be prescribed. For the time point during flow, the positions of the
vertices that belong to the biofilm boundary were taken as fixed (they were
identified as outlined in the previous section) and then the elastic energy,
H, was minimized with respect to the position of the biofilm-internal ver-
tices. The final position of the biofilm-internal vertices after minimization
will not, in general, match the experimental positions, and will depend on
the choice of spring stiffnesses.

The inverse procedure of the inference framework, described above,
should be able to robustly recover the spring stiffnesses from this sim-
ulated deformation because the simulation, by construction, is consistent
with the spring network model. While an exact reconstruction is not ex-
pected due to the regularization, for spring moduli linearly decreasing with
biofilm radius it is found that there is an almost perfect reconstruction
of stiffness (ke) and a recovery of the linear gradient in l0e ke, as shown in
Figure S10A (Supporting Information). Perturbing the true stiffnesses by
ke↦ke × (1 + 𝛿), where 𝛿 is a uniform random variable 𝛿 ∼ Uniform[−
0.05, 0.05], still results in a good reconstruction (Figure S10B, Supporting
Information), even though this perturbation results in a ke that is not con-
sistent with the assumption that l0e ke is spatially continuous. Note that the
overall scaling of the inferred ke is still arbitrary, and in Figure S10 (Sup-
porting Information) it was scaled to match the exact values. This scaling
cannot be determined from deformations alone, how it may be inferred is
described below.

Inference From Experimental Data: For inferring the spatial distribution
of spring stiffnesses in biofilms, large biofilms (volume >2600 μm3) which
were exposed to the step-up in flow rate from 0 to 2000 μL min−1 were
used, for which there are 10 independent replicate experiments on differ-
ent biofilms. For each of these experiments, the same procedure described
in detail above, and outlined briefly again here was performed: First, cells
on the substrate which are not part of the biofilm were removed by den-
sity thresholding, then cells that belong to the biofilm-interior and biofilm-
boundary were identified with an alpha-shape of radius 𝛼 = 4 μm. Finally,
spring stiffnesses was inferred using n = 50 Laplace modes (Figure S14,
Supporting Information).
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To identify systematic spatial trends in the elastic properties of biofilms,
data was used from 10 independent replicate experiments, in order to re-
duce the effect of variability of different biofilms. However, the inference
framework determines the stiffnesses only up to an arbitrary scaling. In
order to combine different biofilms, a scaling was applied so that the me-
dian spring stiffness for each biofilm is equal. Next, each inferred stiffness
was associated to the spatial midpoint of the corresponding spring, and
then the coordinates were rescaled to make all biofilms the same size, (x,
y, z)↦(x/Rxy,y/Rxy,z/Rz). After performing these transformations, the data
of biofilms from different experiments can be combined, in order to com-
pute the relative moduli at each relative coordinate. This analysis shows
that biofilms are stiffest in their core (Figure 4B).

The spring modulus l0e ke was only determined up to an overall scaling
constant. In principle, this global scaling constant could be estimated from
knowledge of the force exerted by the fluid flow. For instance, a hemisphere
of radius a in a linear Stokes flow of flow rate 𝛾̇ , experiences a total force
exerted on it in the direction of flow of 4.3𝜋a2 𝛾̇𝜇, where 𝜇 is the viscosity
of the fluid.[70] For the vertices that belong to the biofilm boundary, the
total force exerted on them by the internal vertices, which is known, must
balance with the force exerted on them by the flow. Assuming the biofilm
shape is a hemisphere, this could be used to find the global scaling. How-
ever, the biofilm shape is not exactly hemispherical and differs between
biofilms. While such an argument could be used to find an order of mag-
nitude estimate for the scaling, it is not used for the inference. Instead,
conclusions were only drawn about relative stiffness within the biofilms.

The elastic modulus inference can only be performed for the biofilm-
internal region, and not for the region that includes the cells which are
directly attached to the substrate surface (this region is shown in gray
in Figure 4B). The height of this region is the average cell–cell distance
0.694 μm divided by the average biofilm height 15.3 μm, i.e., 0 ≤ z/Rz ≤

0.0453.
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